
ABSTRACT: Novel products produced from seed oil materials
(TAG, phospholipids, and minor components such as tocoph-
erols, sterols, stanols, and fatty acyl esters of the latter two) by
enzyme-mediated purification or chemical modification are re-
viewed. The primary focus is on “value-added products” of current
and potential use (particularly in the food, cosmetics, and pharma-
ceutical industries) that require the selectivity of enzymes and mild
operating conditions, the latter being beneficial for polyunsaturated
and oxygenated acyl groups. The paper briefly reviews the bio-
chemistry of enzymes in lipid modification (lipases, phospholipases,
and lipoxygenases) and discusses and assesses the current and future
applications, current state of the art, and areas for future research
for the following enzyme-mediated processes: isolation of poly-
unsaturated and oxygenated FFA; formation of structured TAG as
nutraceuticals; formation of MAG, saccharide-FA esters, and other
polyhydric alcohol ester as emulsifiers and surfactants; isolation
and/or modification of tocopherols and sterols as antioxidants; for-
mation of hydroperoxides as chemical intermediates; and modifi-
cation of phospholipids for use in liposomes.
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Agriculturally derived feedstocks will play an increasingly
important role in North America and worldwide as the cost of
petroleum continues to increase and its availability decreases.
Lipids (TAG, phospholipids, sterols, etc.) are an example of
such a feedstock. Although lipids are readily modified by chem-
ical means (reviewed in Refs. 1–5) and can be synthesized from
petroleum-based feedstocks (6), there is an increased interest in
modifying lipids via biocatalysis, particularly to manufacture
lipid-based products in the food, cosmetics, and pharmaceutical
industries, and for applications focused on environmental
friendliness, due to the mild reaction conditions and narrow
product distributions. In addition, biocatalysis has also played a
role in isolating natural products, for instance, by temporarily
modifying the molecule of interest to facilitate downstream sep-
arations. Reviews on biocatalytic modification of lipids have
appeared during the last 15 yr (7–11) and more recently in two
monographs (12,13). In addition, a recent conference entitled
Enzymes in Lipid Modification was held in 2003 in Greif-
swald, Germany (14). The organization and emphasis of the

previous reviews focused mostly on the types of biocatalysts;
the emphasis here is on the products formed. Preceding the
discussion of products is a brief overview of the important
biocatalytic tools to be used. 

BIOCATALYSTS USED FOR LIPID MODIFICATION

Lipases (EC 3.1.1.3). Lipases are specifically designed by na-
ture for the hydrolysis and synthesis of ester bonds involving
FA, and can form and/or hydrolyze amide, carbonate, and
thioester bonds as well. Reactions catalyzed by lipases that in-
volve the ester bond are diagrammed in Figure 1. Lipases are
perhaps the most frequently used enzymes for biotransforma-
tions because of their ability to function in nonaqueous (re-
viewed in Refs. 15–19) and aqueous systems as well as at or
near interfaces (their primary locale in vivo) without the need
for cofactors or coenzymes in most cases. They narrowly con-
trol product distribution because of their regio-, stereo-, and
substrate selectivities (reviewed in Refs. 20–22). As an exam-
ple of regioselectivity, lipases are quite specific for specific
hydroxyls on mono-, di-, and oligosaccharides (discussed
below). Many lipases selectively discriminate against sec-
ondary OH acyl acceptors, such as the middle or 2-position of
glycerol, whereas many other lipases do not have such selec-
tivity (the latter referred to here as “random” lipases). Lipases
have several potential and current applications in the pharma-
ceutical industries based on their ability to selectively esterify a
specific enantiomer from racemic mixtures of alcohols or acids,
such as the isolation of the biologically active S-ibuprofen (23)
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FIG. 1. Reactions catalyzed by lipases.



(reviewed in Refs. 24–28). (It should be noted that recent inves-
tigations have demonstrated that the position of substrates at an
interface strongly influences the apparent enantioselectivity of
lipases; see Ref. 21.) Lipases also have inherent selectivity to-
ward the structure of acyl groups, i.e., their chain length and
the position, type (cis or trans), and number of double bonds.
An example is Geotrichum candidum lipase, which is highly
selective toward substrates with cis unsaturation at the C9 po-
sition, such as oleic, linoleic, and α-linolenic acids (ALA).
Most lipases discriminate against acyl groups that possess

double bonds near the carbonyl terminus, such as DHA (22:6-
4c,7c,10c,13c,16c,19c), an important product from fish oil.

Several different lipases are commercially available (Table
1). Many of the lipases have been isolated from several dif-
ferent microorganisms, e.g., bacteria, yeast, and algae
(35,36). Thermophilic and alkaline-stable lipases have been
isolated from extremophiles (37,38). In several cases, the
genes that express the lipases have been isolated and inserted
into common recombinant hosts such as Escherichia coli for
mass production. Improved immobilization technology has
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TABLE 1
Commercially Available Enzymes Useful for Biocatalytic Modification of Lipids 

Product name Enzyme type Manufacturer Application

Lecitase Ultra Porcine pancreatic Novozyme, Inc. Degumming of oils
phospholipase A2 (Franklinton, NC)a

Lipase A “Amano” 12 Aspergillus niger lipase Amano Enzyme 1,3-Selective; hydrolysis of 
USA (Elgin, IL)b short-chain acyl groups

Lipase AK 20 “Amano” Pseudomonas fluorescens Amano Enzyme High thermostability; “random” 
lipase USA (Elgin, IL)b positional selective

Lipase AYS “Amano” Candida rugosa lipase Amano Enzyme “Random” positional selective; selective
USA (Elgin, IL)b against medium-chain acyl groups

Lipase CLEC Cross-linked Altus Stereochemical modification of lipids
crystals of lipasesc (Cambridge, MA)

Lipase F-AP 15 “Amano” 15 Rhizopus oryzae lipase Amano Enzyme Hydrolysis of short- and medium-chain
USA (Elgin, IL)b acyl groups; 1,3-selective

Lipase G “Amano” Penicillium camembertii Amano Enzyme Hydrolysis of MAG and DAG 
lipase USA (Elgin, IL)b

Lipase L9 Immobilized R. miehei lipase Biocatalytics 1,3-Selective; interesterification (29)
(Pasadena, CA)

Lipase M “Amano” 10 R. javanicus lipase Amano Enzyme Designed to remove trace amounts 
USA (Elgin, IL)b of TAG in protein products; 1,3-selective

Lipase PS-C-II or –D-I “Amano” II Immobilized Burkholderia Amano Enzyme Thermostable; enantioselective
cepacia lipased USA (Elgin, IL)b

Lipase R “Amano” G P. roquefortii lipase Amano Enzyme 1,3-Selective; selective for short-
USA (Elgin, IL)b and medium-chain acyl groups

Lipases, immobilized Immobilized onto Fluka/Riedl de Haen Lipid modifications
Sol-Gel-AK or Div. of Sigma-Aldrich
sintered glasse (St. Louis, MO)f

Lipolase Thermomyces Novozyme, Inc. Stable at high temperature and pH; 
lanuginosa lipaseg (Franklinton, NC)a useful for synthesis and hydrolysis

Lipoxygenase From soybean Sigma-Aldrich Formation of hydroperoxides 
(St. Louis, MO) from linoleic or arachidonic acid (AA)

Lipozyme RM IM Immobilized Novozyme, Inc. Highly thermostable 
R. miehei lipase (Franklinton, NC)a 1,3-selective lipase (30)

Lipozyme TL IM Immobilized 
(silica-granulated) Novozyme, Inc. 1,3-Selective; Effective for 
T. lanuginosa lipasee (Franklinton, NC)a interesterification (31–33)

Novozym 435 Immobilized Novozyme, Inc. Highly thermostable lipase with 
C. antarctica B lipase (Franklinton, NC)a “random” positional selectivity (34)

awww.novozymes.com.
bhttp://www.amano-enzyme.co.jp/english/productinfo/medical03.html.
cLipases from C. rugosa, B. cepacia, Geotrichum candidum, porcine pancreatic.
dFormerly named P. cepacia lipase.
eFrom porcine pancreas, A. niger, C. antarctica, C. rugosa, R. miehei, B. cepacia, and P. fluorescens.
fhttp://www.sigmaaldrich.com/Brands/Fluka_Riedel_Home/Organic_Synthetic/Enzymes/Organic_Chemistry/Immobilization.html.
gFormerly named Humicola lanuginosa lipase.



led to lipases with enhanced operational stability and
reusability, several of which are commercially available
(Table 1). Lipases from plant species, such as rapeseed (Bras-
sica napus), vernonia (Vernonia galamensis), and papaya
latex (Carica papaya), may serve as low-cost alternatives to
microbial lipases, particularly for their ability to purify acyl
groups possessing ∆3–∆6 unsaturation (39).

Mutagenesis techniques have been used to maximize the
thermostability and activity of lipases for certain media such
as organic solvents and detergent-rich systems and modify
their enantio- and substrate selectivity (reviewed in Ref. 40).
Such developments have been driven by the increased use of
lipases as laundry detergent additives and as stereoselective
biocatalysts in the pharmaceutical industry, which in turn
have motivated fundamental investigations to understand
how lipases function on a molecular level. As reviewed else-
where (35,41,42), most lipases share the following common
chemical motifs. Similar to other “serine proteases,” their ac-
tive sites consist of a catalytic triad: an activated serine (Ser)
residue, which acts as a nucleophile, forming an acyl-enzyme
intermediate, an acidic residue (either glutamic acid, Glu, or
aspartic acid, Asp), and histidine (His). The latter two residues
help stabilize the acyl-enzyme intermediate. Often, lipases
possess a “lid” consisting of an α-helix region that covers the
active site; the lid is retracted upon contact with an interface,
exposing the active site for biocatalytic activity. Many lipases
share a similar binding site structure shaped like the outline
of a tuning fork with a bent handle. The “fork” part of the
“tuning fork” consists of two hydrophobic pockets. The bent
handle end also contains a hydrophobic domain. The position
of the bend in the fork’s handle corresponds to an oxyanion
hole, a relatively hydrophilic region. The structure of the
binding domains of lipases helps dictate their stereoselectiv-
ity.

Lipoxygenases (EC 1.13.11.12). As reviewed elsewhere
(43–46), lipoxygenases (LOX) are nonheme iron dioxyge-
nases that stereospecifically form an S-configuration hy-
droperoxide (HPOD) from O2 and a PUFA that contain cis
double bonds separated by a single methylene, or CH2, group.
Generally, for an FFA containing a cis double bond between
carbon atoms at positions n and n + 1 and a second cis double
bond between carbon atoms at position n + 3 and n + 4, LOX
will add the O2 group across one of the double bonds, result-
ing in a HPOD molecule containing either a peroxy (–OOH)
group in position n with a trans double bond between posi-
tions n + 1 and n + 2 and a cis double bond remaining between
position n + 3 and n + 4, or an –OOH group in position n + 4
with a trans double bond between position n + 2 and n + 3
and a cis double bond remaining between position n and n +
1 (Fig. 2). FFA are the natural substrates for LOX; however,
certain LOX can operate on TAG and glycerolphospholipids
(GPL).

Lipoxygenases are also very regioselective. For instance,
soybean LOX isozyme-1 converts linoleic acid (18:2-9c,12c)
into S-18:2-9c,11t-OOH-13 (thus being categorized as a “13-
LOX” with respect to linoleic acid), whereas potato tuber

LOX produces almost solely S-18:2-10t,12c,-OOH-9 (catego-
rized as a “9-LOX”; Fig. 2). Plant-derived LOX are classification
with respect to the linoleic acid product since arachidonic
acid (AA) rarely occurs in plants. With regard to AA (20:4-
5c,8c,11c,14c), which is used to classify mammalian LOX,
specific LOX are categorized as either 5-,12-, or 15-LOX
(Fig. 2). (Soybean LOX-1 is an example of a 15-LOX.) The
substrate specificity of LOX toward PUFA is reviewed else-
where (47).

LOX fulfills myriad biological roles (reviewed in Refs.
44,45). Soybean LOX-1, the most thoroughly investigated
LOX, consists of a single polypeptide strand (M.W. of 94
kDa) and contains a single iron atom. Six His residues are be-
lieved to bind with the Fe atom. The structural basis for
stereo- and regioselectivities is fairly well known, allowing
the use of site-directed mutagenesis to modify the selectivity
of LOX (43).

Most reactions have used nonimmobilized LOX with a
biphasic water–oil system in a closed, pressurized system
under an O2 atmosphere to maximize O2 solubility. (Anaero-
bic conditions cause a loss of activity.) It is best if the aque-
ous phase is basic (9 < pH < 10) to allow formation of HPOD
soaps, which act as surfactants to enhance PUFA substrate
solubility in the aqueous phase (reviewed in Refs. 47). There
has been significant interest in developing immobilized LOX
preparations to allow for reuse and use in nonaqueous media
(48–52) (discussed later).

Phospholipases. The biochemistry and enzymology fun-
damentals of phospholipases are reviewed in more detail else-
where (53,54). The term “phospholipase” refers to five differ-
ent enzyme types (phospholipases A1, A2, B, C, and D, ab-
breviated PLA1, PLA2, PLB, PLC, and PLD, respectively)
that catalyze reactions involving different chemical moieties
on the GPL molecule (Fig. 3). PLA1 (EC 3.1.1.32) is rarely
used for GPL modification because 1,3-selective lipases per-
form the same task more efficiently and are more readily
available. PLA2 (EC 3.1.1.4), which selectively hydrolyzes
and esterifies acyl groups at the 2-position of GPL, is com-
monly encountered in secreted form in mammalian pancre-
atic fluids as well as in the cytoplasm of mammalian cells.
Bovine pancreatic PLA2, the phospholipase most frequently
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FIG. 2. Hydroperoxide products from linoleic and arachidonic acid cat-
alyzed by lipoxygenases (LOX).



used for GPL modifications, has a M.W. of 14 kDa and re-
quires Ca2+ for activity. It exists as a zymogen that is activated
by proteolysis. This enzyme is rich (~50%) in an α-helix sec-
ondary structure and contains one active site that is highly hy-
drophobic and that uses structurally conserved aspartic Asp and
His residues. A calcium-binding loop also occurs that perhaps
stabilizes the transition state. Unlike with lipases, an acyl-en-
zyme intermediate does not form. As reviewed elsewhere (55),
PLA2 has been immobilized successfully for use in aqueous
and nonaqueous media, as exemplified by Lecitase™, a pan-
creatic PLA2 physically adsorbed onto a SiO2-based matrix
developed by Novozymes, Inc. (Franklinton, NC) for use as
an aide in degumming (Table 1). PLB (EC 3.1.1.5) is not used
in GPL modification mainly because of its broad substrate se-
lectivity, hydrolyzing and forming ester bonds at the 1- and
2-glycerol positions. 

PLC (EC 3.1.4.10 and 3.1.4.3) is a small metalloenzyme
that cleaves on the glycerol side of the phosphodiester bond of
GPL. Bacillus cereus PLC, readily expressed in E. coli, has
received the most attention as a tool for lipid modification. It is
a small (28.5-kDa) metalloenzyme, possessing three Zn2+ groups
that form a cluster in its active site, and is rich in α-helices.
Mechanistically, the Zn moieties help bind the substrate in a
configuration in which an activated water molecule in the active
site can act as a nucleophile on the phosphate bond. Although
PC is the preferred substrate, B. cereus PLC can also hydro-
lyze the phosphate bonds of PE and PS, thus demonstrating
its broad substrate selectivity.

Phospholipase D hydrolyzes the diester bond of phospho-
lipids at the ester bond dietal to the fatty acyl side of the di-
ester linkage. The most abundantly used varieties of PLD (EC
3.1.4.4) are from cabbage (M.W. of 91.8 kDa) and, particu-
larly in recent years, from Streptomyces sp. (54 kDa), both of
which have been expressed recombinantly. The formation of
GPL with unnatural head groups, and the introduction of head
groups into alkyl phosphates without the glycerol backbone,
have occurred via catalysis with PLD from cabbage, demon-
strating the enzyme’s broad substrate selectivity. PLD, and in
particular its pH-activity profile, is highly dependent on Ca2+,
with 20–100 mM typically used. Although the biochemistry

of PLD is less well known than that of the other phospholi-
pases because of the difficulty in obtaining high-purity PLD
isozymes and high-quality protein crystals, it is known that
many PLD molecules share a highly conserved His group in
the active site, which leads to the formation of a phosphor-
enzyme intermediate, and a second His residue, which
cleaves or forms the phosphodiester bond.

FA-BASED PRODUCTS VIA ENZYME REACTIONS

Uncommon fatty acyl species. Most plant, animal, and micro-
bial species possess common saturated and ∆9-unsaturated
acyl groups such as palmitic (16:0), stearic (18:0), oleic
(18:1-9c), linoleic, and ALA (18:3-9c,12c,15c). Such acyl
groups, which are abundantly found in cooking oils such as
soybean (33.4 megametric tons, or MMT, projected for 2004,
at $0.50/kg; http://ffas.usda.gov/oilseeds_arc.html), sun-
flower (9.02 MMT, $0.70/kg), low erucic acid rapeseed (14.2
MMT) or canola, cotton (4.25 MMT, $0.70/kg), olive (2.6
MMT), corn ($0.70/kg), and beef tallow, are inexpensive and
readily isolated and purified by conventional means. A simi-
lar comment can be made for C12–C16 saturates and C4–C10
saturates, which are abundantly found in palm oil and milk
fat, respectively. However, other acyl groups found less abun-
dantly have more highly specialized or “value-added” appli-
cations that would merit the higher operating costs of biocat-
alytic processes for their isolation and use as chemical feed-
stocks (Table 2). Generally, the list of “specialty” acyl groups
falls into one of two categories: those possessing unusual
and/or high degrees of polyunsaturation, and those possess-
ing oxygenated moieties (hydroxyl or epoxide) in their alkyl
backbones. 

Polyunsaturated acyl groups with ∆3–∆6 unsaturation,
such as DHA, EPA (20:5-5c,8c,11c,14c,17c), AA, and GLA
(18:3-6c,9c,12c), and their derivatives have received a great
deal of attention recently as food additives (“nutraceuticals”)
and pharmaceuticals beccause of their medical and nutritional
value. For instance, a literature search on patents involving
DHA and AA from 1999 to the present resulted in 1014 and
878 hits, respectively. A few of the specific applications are
listed in Table 2. Generally, a diet rich in PUFA is known to
decrease blood TAG levels, blood pressure, and LDL (or
“bad”) cholesterol. The second category, hydroxy- and
epoxy-containing acyl groups, has numerous applications as
chemical feedstocks in lubricants, in paints and coatings, and
as food and cosmetics emulsifiers. Knowledge of the utility of
ricinoleic acid, the most commonly recognized member of this
category, has existed for at least a century; for instance, a U.S.
patent to use sulfonated ricinoleic acid in cleaning fluids was
issued in 1908 (112). Many hydroxy FFA species and libraries
of modified FFA are under investigation as anticancer agents
(113). For both PUFA and oxygenated FFA, conventional
means of isolation or utilization involve operating conditions
that can lead to their chemical degradation. In contrast, biocat-
alytic processes involve mild operating conditions, such as low
to moderate temperature and pressure and no extremes in pH.
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FIG. 3. Enzymes used to modify glycerophospholipids (GPL). PLA1,
PLA2, PLC, and PLD refer to phospholipase A1, A2, C, and D, respec-
tively.



Isolation of FFA via hydrolysis (“lipolysis”). Acyl groups
typically occur in seed oil and animal fat in the form of TAG.
Prior to FFA isolation, seed oil is typically processed using
the following steps: solvent extraction of the oil from the
seeds, or use of pressing; degumming to remove GPL; alkali

refining to remove residual FFA; bleaching to remove soaps
and pigments; and steam deodorizing to remove off-flavors
(114). (It is noted that great care must be used to prevent
degradation of oxygenated acyl species during a solvent ex-
traction or mechanical pressing operation, which is why su-
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TABLE 2
FFA of Commercial Relevance That Are Isolated by or Employed as Acyl Donors for Lipase-Catalyzed Reactions

FFA product Chemical structure Sources Application

AA 20:4-5c,8c,11c,14c Single-cell oils Vision, brain, and nervous system development   
in infants (56,57); increase of skeletal muscle
mass (58); reduction of intravenous 
hemorrhaging in premature infants (59);
cognitive ability enhancer (60)

Crepenynic acid 18:1-9c,12-yne Crepis alpine oil Chemical feedstock for free radical polymers in 
paints/coatings (reviewed in Refs. 61,62)

Dimorphecolic acid S-18:2-10t,12t,OH-9 Dimorphotheca pluvialis oil Chemical feedstock for lubricants, coatings, 
and polymers (reviewed in Ref. 63)

DHA 22:6-4c,7c,10c,13c,16c,19c Fish oils; single-cell oils Treatment of cardiovascular disease; vision,  
brain, and nervous system development in infants;
anti-inflammatory, etc. (reviewed in Refs. 64–66)

EPA 20:5-5c,8c,11c,14c,17c Same as DHA

Erucic acid 22:1-13c High erucic acid rapeseed Slip agent for plastic film (erucamide) and other  
or crambe oil oleochemicals (reviewed in Ref. 67); 

photographic film (68); cosmetics 
and personal care products (67,69)

GLA 18:3-6c,9c,12c Blackcurrent (Ribes nigrum), Anti-inflammatory, anticholesteremic; brain 
borage (Borago and nervous system development 
officinalis), evening primrose  in infants (reviewed in Refs. 56,70)
(Oenothera biennis),
or single-cell (fungal) oil

Gorlic acid 13:1-6c,13-(2-cyclopentenyl) Hydnocarpus wightiana seeds Possible organic chemical feedstock

Lesquerolic acid R-22:1-11c,OH-14 Lesquerella fendleri oil Feedstock for nylon, lubricants, cosmetics, 
chemicals (71–74); potential replacement 
for ricinoleic acid

Petroselinic acid 18:1-6c Coriander (Coriandrum Nutritional supplement (75); cosmetic additive 
sativum) oil (76); drug delivery (76); anti-wrinkle, 

anti-inflammatory agent for skin (77–79); 
rehydration of dry skin (80); hair growth (81)

Ricinoleic acid R-18:1-9c,OH-14 Castor (Ricin Production of sebacic acid (nylon-11) and 
comminus) oil polyesters; polyurethanes (82,83);

laxative, disinfectant, food emulsifier
(polyglycerol polyricinoleate), lipstick, and
other food- and health-related products (83,84); 
lubricants and other chemical feedstocks (83)a

Vernolic acid 18:1-9c-epoxy-12,13c Vernonia galamensis or Paints and coatings (85,86); dibasic acid 
Euphorbia lagascae oil feedstock (87); oral drug delivery (88);

antioxidant activity (89); nylon-11 and -12
precuror (90); other chemical feedstocks (91–93) 

CLA 18:2-9c,11t; 18:2-10t,12c Milk fat; beef tallow;  Diabetes treatment (99); reduces uptake of 
modification of ricinoleic lipids; cancer treatment; improves
acid (94); free radical metabolism of cholesterol; growth stimulant
isomerization of α-linolenic (reviewed in Ref. 100)
acid (95–98)

20:1-5c; 22:2-5c,13c Meadowfoam (Limnanthes Oleochemicals (101–104); polymers (105);
alba) oil cosmetics for skin (106) and hair (107,108);

surfactants (109,110) 

20:3-5c; 11c,14c, 20:4-5c,11c,14c,17c Biota orientalis oil Possible lipid metabolism agent (111)
a577 patents since 1990. For other abbreviation see Table 1.



percritical carbon dioxide extraction is recommended; see
Refs. 115–117.)

FFA are typically isolated from the processed oil by the
Colgate–Emery process, in which steam hydrolyzes the TAG
ester bonds at high pressure and temperature (typically 250°C
and 5 MPa) (118,119). However, the harsh reaction conditions
often lead to discoloration and to degradation of PUFA and
oxygenated FFA (118,120). In addition, the Colgate–Emery
process involves high energy costs, since about 800 kJ of en-
ergy is required per kg of oil processed (118,119). Although
enzymatic lipolysis (reaction 1 of Fig. 1) has been investi-
gated for treatment of several different oils to develop of a
low-cost and environmentally safe alternative to the Col-
gate–Emery process, this approach would have a stronger im-
pact in isolating the FFA listed in Table 1 because of their
higher economic value (which would justify the materials
cost of the biocatalysts) and the greater need to protect them
from thermal degradation. 

The use of lipases to recover oxygenated FFA via lipolysis
is well-known, especially for ricinoleic acid (118,121). Al-
though a nonpositionally selective, or “random,” lipase would
appear to be the rational choice, since ricinoleic acyl groups
are present in all three glycerol positions in castor oil TAG, a
1,3-selective lipase is used to prevent formation of poly(ricin-
oleic acid) chains (122). Oils containing hydroxy acyl groups
exclusively at the 1- and 3-TAG positions, such as lesquerella
and dimorphotheca, are well-suited for 1,3-selective lipoly-
sis. Immobilized Rhizomucor miehei lipase, or Lipozyme RM
IM (Table 1), successfully hydrolyzed lesquerella oil partially
diluted by isooctane in a stirred tank reactor at 60°C; mainte-
nance of a high water activity for the reactor headspace
through contact with a compartmentally separated saturated
salt solution resulted in the liquid phase remaining saturated
with the substrate water. Two-thirds of the maximum theoret-
ical percent hydrolysis (66.7%) occurred, yielding 80% hy-
droxyl acids among the FFA (123). However, further hydrol-
ysis reduced the purity of the hydroxy acids among the re-
leased FFA as a result of acyl migration (123). The
occurrence of acyl migration would ultimately permit
90–100% hydrolysis (123). (As discussed in more detail in
later sections, acyl migration refers to a nonenzymatic in-
tramolecular acyl exchange within MAG and DAG, where
acyl groups at the 2-glycerol position migrate to the 1- or 3-
position or vice versa.)

Thermodynamic equilibrium drives the isomerization re-
actions in the directions of 2-MAG → 1(3)-MAG and 1,2
(2,3)-DAG → 1,3-DAG.] Lesquerolic acid-rich FFA were
isolated from the residual MAG, DAG, and TAG by a saponi-
fication-extraction method at about 70–75% purity (124). Al-
ternatively, lesquerella oil could be isolated from lipolysate
by highly selective low-temperature crystallization (125).
Derksen and coworkers (126–128) have successfully isolated
dimorphecolic acid from dimorphotheca oil using a 1,3-se-
lective lipase (from R. javanicus) in a hollow-fiber membrane
reactor. The lipolysate was continuously recirculated in a
stream that passed through a cold-trap unit, which selectively

removed dimorphecolic acid by precipitation, thus enhancing
product purity and shifting the thermodynamic equilibrium in
favor of hydrolysis. The same approach was used to isolate
erucic acid from the 1- and 3-positions of crambe oil TAG and
vernolic acid from Euphorbia lagascae oil (127,129). FFA
containing triple bonds, of which crepenynic acid (Table 1)
serves as an example, is best released from TAG using Lipo-
lase (Thermomyces lanuginosa) lipase (130).

Sehanputri and Hill (131) used lipolysis of corn oil by a
“random” lipase to release 50% of acyl groups and achieve a
high concentration of linoleic acid, taking advantage of the
selectivity of lipases toward release of ∆9-unsaturated PUFA.
Linoleic acid serves as a feedstock for CLA synthesis via
chemical means.

In contrast to the PUFA, although erucic acid (22:1-13c) is
not highly susceptible to thermal degradation via the Col-
gate–Emery process, there are inherent advantages to using
hydrolysis to concentrate erucic acid via discriminatory lipol-
ysis. For example, the strong discrimination of G. candidum
lipase toward C20 and C22 FFA leads to the selective accumu-
lation of erucic acid in the MAG/DAG/TAG during lipolysis
of high erucic acid rapeseed (HEAR) oil (98% yield)
(132,133). Candida rugosa lipase was not as discriminatory
against erucic acid as was G. candidum lipase; however, pre-
cipitate formed that consisted of nearly 100% 1,2-erycyl
DAG when lipolysis occurred at ~10°C (132,133). The recov-
ery of erucic acid in the form of 1,2-erycyl DAG was lower
than that resulting from G. candidum-directed lipolysis
(132,133). The use of G. candidum lipase to selectively iso-
late erucic acid among the FFA fraction via the esterification
of FFA derived from HEAR oil (produced via lipolysis using
P. cepacia lipase), an approach discussed in the next section,
resulted in a FFA product containing 85.4% erucic acid (134).

Lipases have been used to isolate PUFA with ∆3–∆6 un-
saturation because of their inability to rapidly hydrolyze
PUFA acyl groups in TAG (reviewed in Refs. 135,136).
Moreover, the PUFA are retained in the MAG, DAG, and
TAG molecules, whereas non-PUFA acyl groups constitute
the majority of the released FFA. The latter can be easily re-
moved from the former by forming and removing the sodium
soaps of the FFA. (An alternate method similar in concept is
selective alcoholysis of the TAG; see reaction 3 of Figure 1.
The resultant MAG/DAG/TAG are isolated from the FA es-
ters by short-path molecular distillation; see Refs.
135,137–139. Whether any major differences exist in the se-
lectivity between hydrolysis and alcoholysis is not clear.) The
choice is dictated by the economics and effectiveness of the
downstream purification. A summary of the most successful
lipolytic isolations of PUFA is contained in Table 3. Gener-
ally, C. rugosa lipase has been the most successful biocata-
lyst for carrying out this task; however, degrees of purifica-
tion have been rather low due to low to moderate degrees of
hydrolysis. The latter may be caused by the occurrence of two
or more ∆3–∆6 acyl groups in many of the TAG molecules,
which reduces their molecular flexibility to adopt a confor-
mation that can fit within the active site of lipases (150–152).
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The degree of discrimination has not been strongly affected
by the type of reaction medium (150). The inclusion of a sec-
ond step of discriminatory hydrolysis on the recovered
MAG/DAG/TAG (subsequent to FFA removal) has led to
only a modest improvement of purification (at the cost of re-
duced PUFA recovery) (140,144). 

Lipase-catalyzed selective esterification has been more ef-
fective for PUFA isolation (discussed in the next section).
Pseudomonas sp. lipases have generally been the most suc-
cessful for achieving a high-percentage hydrolysis of PUFA-
containing oils (79% or greater); thus, in many of the investi-
gations cited, (135,136) Pseudomonas sp. lipolysate has been
subjected to selective lipase-catalyzed esterification. The
PUFA-rich MAG/DAG/TAG fraction resulting from selective
C. rugosa lipolysis has been esterified with PUFA-rich FFA
produced by a previous lipase-catalyzed selective esterifica-
tion step to create PUFA-enriched TAG (144,147,149) (dis-
cussed below).

A comprehensive analysis of the methodology used to
conduct lipolysis is beyond the scope of this paper. Reviews
relating to reactor design and control of the operating para-
meters are available elsewhere (153,154). However, when
one is designing a lipolysis bioreactor, the following criteria
should be considered: (i) a means of isolating lipases from the
reaction medium upon completion of the reaction, or retain-
ing the lipases in a fixed position within the reactor (e.g., im-
mobilized enzymes); (ii) a means of efficient mass transfer
between aqueous and nonaqueous phases and a solid-phase
lipase; (iii) a means of compartimentalizing or rapidly sepa-
rating the aqueous and nonaqueous phases upon completion
of the reaction and/or during the time course of the reaction;
and (iv) related to item (iii), the continuous removal of the
by-product glycerol to enhance the degree of lipolysis.

Membrane bioreactors have gained popularity because
they compartmentalize the water and oil phases, hence facili-
tating continuous removal of the glycerol (143,154). How-
ever, overcoming the barrier to mass transport presented by
the membrane and having an efficient means of immobiliza-
tion of the lipase at the membrane surface are challenges that
must be met. Reaction media based on emulsions provide
high interfacial mass transport rates as well as interfacial area,
but they possess the disadvantages of difficult isolation of the

lipase, slow demulsification, and continuous energy input to
maintain emulsion stability. Demulsification is made more
difficult by the formation of FFA, a surface-active agent, dur-
ing lipolysis. A process recommended by the author is to use
a stirred-tank batch reactor containing immobilized lipase and
water-saturated TAG/oil phase, with a means of continual
water resaturation of the lipophilic liquid phase, e.g., by trans-
porting the water molecules in a closed system from an exter-
nal vessel containing a high-water-activity saturated salt so-
lution to the lipophilic substrate solution through a shared
vapor phase (123). 

Isolation of PUFA via selective esterification. The use of
lipase-catalyzed selective esterification (reaction 2 of Fig. 1)
to isolate PUFA is summarized in Table 4 and reviewed in
References 135, 137, 138, 173, and 174. Generally, this ap-
proach has been much more successful for PUFA isolation
than has selective lipolysis. Rhizopus sp., G. candidum, C. ru-
gosa, and Chromobacterium viscosum lipases are the most ef-
fective biocatalysts. Selective esterification typically occurs
in a stirred-batch reactor containing the FFA source, an acyl
acceptor, and the biocatalyst. One frequently desires to stop
the reaction before 100% conversion occurs at a time that cor-
responds to an optimal extent of reaction (e.g., by removing
the solid-phase biocatalyst via sedimentation). The subse-
quent step is to separate the (unreacted) PUFA-rich FFA from
the FA ester by forming the insoluble soaps of the former
using an alkaline aqueous solution. Alternatively, if long-
chain acyl acceptors are used, short-path molecular distilla-
tion will separate fractions of unreacted alcohol, FFA, and FA
esters. Frequently, an additional cycle of lipase-catalyzed se-
lective esterification is applied to the PUFA-enriched FFA
fraction recovered from the first cycle, which improves the
purity of PUFA at the expense of reduced yield.

Uurea inclusion compounds (UIC) have also been used to
purify the PUFA further (111,141,149,155,160,170,175). As
reviewed elsewhere (176–178), this method involves the for-
mation of solid-phase inclusion compounds that selectively
remove FFA with long acyl chain lengths and a small degree
of unsaturation via encapsulation. Both lipase-catalyzed se-
lective esterification and UIC-based fractionation are com-
plementary toward the isolation of PUFA, since the former
removes oleic, linoleic, and linolenic acids via ester forma-
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TABLE 3
Isolation of PUFA via Lipase-Catalyzed Hydrolysis of TAG

FFA product TAG sourcea Lipase Result

AA Single-cell (fungal) oil (25%) Candida rugosa 60% in recovered acylglycerols; 
75% yield (two-step hydrolysis) (140)

DHA, EPA Fish oils (20–30%) C. rugosa 56–75% in recovered acylglycerols; 63–90% yield (141–146)

GLA Borage (23.6%) or evening C. rugosa 46–51.7% in recovered acylglycerols; 
primrose (9.4%) oil 59–90% yield (147–149)

22:1-5c; 22:2-5c,11c Meadowfoam oil (83.5%) C. rugosa 88.9% in recovered acylglycerols; 95% yield (150)

20:3-5c,11c,14c; Biota orientalis oil (15.6%) C. rugosa 40.8% in recovered acylglycerols; 
20:4-5c,11c,14c,17c 64% yield (111)
aNumbers in parentheses contain the amount of desired acyl group in the TAG source. For abbreviations see Tables 1 and 2.



tion, whereas the latter selectively removes saturated and
long-chain FFA. 

The ability of lipases to discriminate against ∆3–∆6 PUFA
when forming alkyl esters has been used with reactions other
than esterification. For instance, lipase-catalyzed alcoholysis
(reaction 3 of Fig. 1) was applied to a FA ester mixture pos-
sessing an alcohol group that was significantly different in
M.W. from the alcohol substrate used in the reaction
(135,138,174). The FA esters were formed by alcoholysis of
a PUFA-rich oil by Pseudomonas sp. lipase in a previous step
(135,138,174). Short-path molecular distillation was used to
fractionate unreacted alcohol type 1, FFA, and MAG/DAG/
TAG after the first step, and unreacted alcohol type 2 (PUFA-
rich) esters of alcohol type 1, and esters of alcohol type 2 after
the second (selective esterification) step (135,138,174). A
second alternative to esterification is the selective lipase-cat-
alyzed hydrolysis of a FA ester mixtures, which isolates the
PUFA among the unreacted esters (159,179).

In terms of choice of acyl acceptor, a comparative study
found that among the 1-alkanols lauryl alcohol was optimal
(180). When selecting the acyl acceptor, one must keep in mind
that n-alkanols of chain length 1–4 can partition significantly
into the microaqueous phase of the biocatalyst, resulting in a
loss of activity, particularly when the acyl acceptor is present at
high concentrations. However, short-chain alkanols have the
advantage of being recovered from the reaction mixture via
evaporation under reduced pressure, which is of relevance when
a molar excess of acyl acceptor is used. A fed-batch approach,
whereby a short-chain acyl acceptor is added in small-batch in-

crements, is recommended. The mole ratio of acyl acceptor
to FFA should be optimized for the given reaction; however,
a stoichiometric excess of at least 100% for the acyl acceptor
is common. Temperature and biocatalyst loading are other pa-
rameters that must be optimized (174). Selective esterifica-
tion for the isolation of PUFA has been scaled up to kilograms
of acyl donor (174).

Lipase-catalyzed selective esterification has been used re-
cently to fractionate PUFA species present in the same mixture.
Haraldsson and coworkers (181) utilized selective esterification
to separate DHA from EPA. Fish oil-derived FFA was esteri-
fied with glycerol using immobilized R. miehei lipase in sol-
vent-free media. The unesterified FFA contained 78% DHA
and only 3% EPA, with a 79% recovery of DHA; the esters
contained the majority of the EPA and the other acyl groups,
with a 91% recovery of EPA (181). Lipases have also suc-
cessfully fractionated the two most abundant species of CLA:
18:2-9c,11t and 18:2-10t,12c (Table 4).

Structured TAG. As reviewed in References 182–192,
structured TAG can be defined as TAG containing mixtures
of short- (C1–C4), medium- (C6–C12), and long- (C14 or
higher) chain acyl groups, with a given acyl group type fre-
quently being confined to either the 1(3)- or 2-position on the
glycerol backbone. TAG rich in medium-chain acyl groups
have many applications, including in clinical treatments for
patients with lipid absorption or digestion disorders and as
high-energy nutraceuticals for athletes. The medium-chain
acyl groups are readily metabolized via the portal vein and
generally are not stored in adipose cells for long-term use. 
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TABLE 4
Isolation of FA via Lipase-Catalyzed Esterification

FFA product FFA sourcea Acyl acceptor; lipase type Result

AA Single-cell Lauryl alcohol; Candida rugosa 75% AA in FFA; 71% yield (155)
(fungal) oil (25%) lipase; two-step esterification

CLAb Derivatived from 1-Octanol or lauryl alcohol; 80–97% of 9c,11t isomer in esters; 82–89%
linoleic acid (95–98) Geotrichum candidum 10t,12c isomer in FFA (156–161)

or C. rugosa lipase 

DHA, EPA Fish oils (20–30%) 1-Butanol; Rhizopus 73–92% DHA and EPA in FFA; 60–84%  
sp. lipase yield (142) (reviewed in Refs. 135,137,162)

GLA Borage (23.4%) or evening 1-Butanol, R. miehei or 84–94% GLA in FFA, 64–75% yield
primrose (9.6%) oil G. candidum lipase (121,147,163–170)

Gorlic acid 18:2 (6c15c,cycl-14-18) Hydnocarpus wightiana 1-Butanol; R. arrhizus 70–80% enrichment (171)
oil (12%) or R. miehei lipase

Petroselinic acid (18:1-6c) Coriander (Coriandrum 1-Butanol; G. candidum lipase 97% in FFA; 93% yield (121)
sativum) oil (15.3%) 

20:1-5c; 22:2-5c,13c Meadowfoam (Limnanthes 1-Butanol; G. candidum 95–97% 20:1 and 22:2 in FFA; 98–100% 
alba) oil (83.5%) or Chromobacterium recovery (121,150)

viscosum lipase

20:3-5c,11c,14c; 20:4-5c,11c,14c,17c Biota orientalis oil (15.6%) 1-Butanol; C. rugosa lipase 61.5% 20:3 and 20:4 in FFA, 
93% yield (111)

16:0, 18:0c Saturated FFA-rich product Ethanol, Burkholderia 98.3% of 16:0 in ester fraction, 
from palm oil FFA cepacia lipase nearly 100% yield (172)
(87.8% 16:0, 8.7% 18:0)

aNumbers in parentheses contain the amount of desired acyl group in the FFA source.
bFractionation of 18:2-9c and 11t; 18:2-10t,12c, present at a 1:1 mole ratio.
cFractionation of 16:0- and 18:0-rich acetone precipitate of palm oil FFA.



One of the earliest commercial examples of structured
TAG is Salatrim™ from Nabisco (now being manufactured
by Danisco Cultor for use in dessert foods and salad dress-
ings, among other uses). It consists of TAG of random posi-
tional distribution containing short- and long-chain acyl
groups; each TAG molecule contains at least one long-chain
saturate (e.g., 18:0) and one short-chain acyl group
(193–195). Salatrim provides approximately one-half of the
calories per serving compared with common fats. Other early
examples are Caprenin™ and Caprucin™ from Procter &
Gamble, which consist of TAG containing C8, C10, and be-
henic (22:0) acyl groups and C8 and erucic acyl groups, re-
spectively, with random positional distribution of the acyl
groups. Caprenin, possessing physicochemical properties
similar to cocoa butter, was used in M&M/Mars products
(New Snickers™ bars) in the mid 1990s. Its use was discon-
tinued shortly thereafter because clinical studies suggested it
led to increased levels of LDL (or “bad”) cholesterol (indi-
cating enhanced risk factors for coronary disease) and de-
creased HDL (or “good”) cholesterol levels. Captex 810-D™

(Abitec Corp, Columbus, OH) is similar to Caprenin; it con-
tains random TAG of the 8:0, 10:0, and 18:2 acyl groups and
is used for skin care, in lipsticks, and as a fat substitute. Fre-
senius-Kabi AB (Uppsala, Sweden) manufactures structured
lipids (interesterified coconut oil and soybean oil) as compo-
nents in their Structolipid™ product for parenternal delivery
of nutrients. 

There also has been expanded interest in structured TAG
that segregate medium-chain (or short-chain) from long-chain
acyl groups by their acylglycerol position [2- vs. 1(3)-], hence
the interest in using 1,3-selective lipases to direct their syn-
theses. Examples are given in Table 5 and can be categorized
as follows: (i) cocoa butter substitutes (1-palmityl,2-oleyl,3-
steryl TAG, or P-O-S); (ii) infant formulas (palmitoleyl acyl
group in the 2-acylglycerol position); and (iii) dietary supple-
ments (1,3-medium-chain acyl group, 2-unsaturated acyl
group TAG).

The use of 1,3-selective lipases to create a substitute for
cocoa butter, an expensive and value-added product used in
the manufacture of chocolate, from palm oil midfraction, an
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TABLE 5
Examples of Structured Triacylglycerols of Commercial Relevancea

TAG Application Approach

P-O-S Cocoa butter substitute Palm oil midfraction (P-O-P) + S-FFA; 1,3-selective lipase (196–198)

M-S-M, O-S-O Margarine substitutes S-S-S + C8- or O-FFA; Lipozyme RM IMb (199)

MC-P-MC Infant formula P-P-P + MC-EE; papaya latex lipase (200)

Pu-P-Pu Infant formula P-P-P + PUFA-rich EE; Lipozyme TL IMb (201)
Butterfat + PUFA-rich FFA; Lipozyme RM IMb (202)
P-P-P + AA-FFA; immobilized R. delemar lipase (192)

O-P-O; Li-P-Li Infant formula Lard + soybean oil FFA; Lipozyme RM IMb (203)
P-P-P + O-rich FFA; Lipozyme RM IMb (172,204)
P-rich 2-MAG + O-FFA; Rhizopus sp. lipase (205,206)

MC-O-MC; MC-Li-MC, Rapidly adsorbed fat with  O-rich 2-MAG + C8-FFA, immobilized Rhizopus sp. lipase (207)
essential FFA in Canola, olive, corn, or sunflower oil + 
2-position; treatment C8-FFA; Lipozyme RM IMb (201,208–211)
for pancreatic insufficiency Chicken fat TAG + C8-FFA; Carica papaya latex lipase (212)

LEAR oil + C6 FFA-rich TAG; Lipozyme RM IMb (213) 
LEAR oil + C10-FFA; Lipozyme RM IMb (214)
O-O-O + C12-FFA, Lipozyme RM IMb (215)
O-O-O + C8-FFA; Lipozyme RM IMb (216)

MC-AL-MC Rapidly adsorbed fat with Perilla oil + C8-FFA; Lipozyme RM IMb or Lipozyme TL IMb (217,401)
essential FFA in 2- position

MC-Pu-MC Rapidly adsorbed fat with  Fish oil + C10-FFA; Lipozyme RM IMb (218)
essential FFA in 2- position Borage oil + C8-FFA; Lipozyme RM IMb (219)

Tuna oil + C8-FFA; immobilized R. delemar lipase (220) 
Menhaden oil + C8-FFA; Lipozyme RM IMb (221)
EPA-rich TAG + C8-FFA; Lipozyme RM IMb (222) 
Fish oil + C10-FFA; Lipozyme RM IMb (223)
Pu- and C8-rich TAG + C8-EE; Novozymeb (224)

CL-Pu-CL Nutraceutical Menhaden oil + CL-EE; B. cepacia lipase (237) 

CL-MC-CL Nutraceutical C8-C8-C8 or coconut oil + CLA; Lipozyme RM IMb (402)

S-Ac-S Low-calorie fat Hydrogenated soybean oil + Ac-Ac-Ac; Lipozyme RM IMb (225)

Mixed (C8, Er, C8) Caprucin™ mimic Erucic acid-rich MAG + C8-FFA; B. cepacia lipase (226)
aAbbreviations for acyl groups: Ac, acetyl; AL, α-linolenic acid; Ci , saturated acyl group of chain length i; CL, conjugated linoleyl; Er, erucic; Li, linoleic
(18:2); MC, medium chain (6:0, 8:0, 10:0, or 12:0); O, oleic; P, palmitoyl; Pu, polyunsaturated (DHA, EPA, GLA). Other abbreviations: EE, ethyl ester; LEAR,
low erucic acid rapeseed.
bIdentified in Table 1.

 



inexpensive material, was conceptualized and demonstrated
by Macrae in the 1980s (120). The basic approach was the
acidolysis of 1,3-palmityl,2-oleyl glycerol (POP)-rich TAG
with stearic acid to create POS and SOS (1,3-dipalmityl,2-
oleyl TAG), abundant TAG species in cocoa butter
(120,190,227,228) (reaction 1 of Fig. 4). Regarding infant
formula substitutes, OPO (1,3-dioleyl,2-palmityl TAG), a
human milk fat substitute used in infant formulas for prema-
turely born and full-term infants, was the first commercial
product in which lipases were used to create structured TAG
(190,228,229) (Betapol™; Loders Croklaan BV, Wormerveer,
The Netherlands). Betapol, which received generally re-
garded as safe (GRAS) classification from the U.S. Food and
Drug Administration (FDA), was found to improve the ab-
sorption of dietary fat and calcium by infants and to reduce
constipation. In addition, the product Bohenin™, which con-
sists mostly of 1,3-behenyl,2-oleyl TAG, is manufactured by
Fuji Oil Co. Ltd. (Osaka Japan) as a cocoa butter improver. It
has also been suggested that infant formulas contain TAG with
PUFA to enhance brain and nervous system development, and
that the PUFA groups be located at the 1- and 3-positions to
allow for proper digestion (230). The fact that groups at the
2-acylglycerol position are more strongly absorbed in vivo
than those at the 1- or 3-position suggests that TAG with
medium-chain acyl groups at the 1- and 3-positions and an es-
sential acyl group, such as oleyl, linoleyl, DHA, or EPA, in the
2-position, may be a valuable nutraceutical as well as a nutri-
tion source for patients with pancreatic deficiencies.

The main approaches for creating structured TAG are to
interesterify a TAG using FFA or FA esters, or to transester-
ify long-chain-rich TAG with medium-chain TAG, both reac-
tions catalyzed by 1,3-selective lipases (Fig. 4). An alternate
approach developed by Schmid and coworkers (206,207) is
to first perform 1,3-selective lipolysis of TAG, carefully iso-
late and crystallize 2-MAG to prevent acyl migration, and
then 1,3-selectively esterify the 2-MAG. A 72–85% yield and

>95% purity were obtained with such an approach. In addi-
tion, reactive separations were used to improve the yield of
structured lipids. The acidolysis of TAG enriched with
medium acyl chains by PUFA-rich FFA was enhanced by op-
erating the reaction in a membrane bioreactor, which selec-
tively permitted permeation of the released medium-chain
FFA (231). 

One of the most successful syntheses of structured lipids
from raw lipid feedstocks was reported recently using glyc-
erol and palmitic and oleic acid-rich FFA fractions of palm
oil to produce OPO for infant formula (172). First, the
palmitic acid-rich FFA fraction was further enriched by se-
lective esterification by B. cepacia lipase, resulting in an ethyl
ester product containing 98.3% palmitate, with the main im-
purity, stearic acid, remaining in the FFA fraction (172). Sec-
ond, tripalmitin was synthesized by Novozym 435 (Novozyme,
Inc.)-catalyzed glycerolysis of the ethyl palmitate-rich prod-
uct (90% conversion), followed by removal of MAG and
DAG by-products by column chromatography (172). Finally,
tripalmitin was subjected to acidolysis by oleic acid-rich FFA,
resulting in a product containing 97% TAG, of which 74%
was OPO (172). This example demonstrates the important
role of lipid separations in designing a scheme for synthesiz-
ing structured lipids from raw sources of FFA, as well as in
using lipase-catalyzed selective esterification to purify PUFA.

When designing a reaction scheme for interesterification, the
three main goals are high activity, low occurrence of the side-
reaction hydrolysis (to prevent formation of DAG and MAG),
and low occurrence of the acyl migration of DAG and MAG,
which results in undesired products in the TAG fraction. A
trade-off exists between a high percentage of interesterification
and low degrees of acyl migration and hydrolysis; the former is
promoted and the latter is hindered by an increase of the resi-
dence time, reaction temperature, and fatty acyl donor-to-TAG
substrate ratio (232). An optimal water activity exists since an
extremely low water content reduces biocatalytic activity,
whereas a high water content promotes hydrolysis and enhances
acyl migration (232). As reviewed elsewhere (233), acyl migra-
tion is also promoted by materials in the enzyme preparation,
including the immobilization matrix. In a review, Xu (232)
recommends the use of a continuous packed-bed bioreactor as
opposed to a stirred-batch reactor since the former provides a
lower extent of acyl migration due to the smaller residence time
for substrates. A recent report illustrated that a lower degree of
acyl migration occurred in supercritical CO2 as compared with
a solventless system operated under similar conditions (211).
An additional problem with structured lipids prepared by li-
pases appears to be their relatively low oxidative stability
(234–236).

TAG enriched in PUFA. As already discussed, TAG en-
riched in PUFA such as DHA, EPA, AA, and GLA would
have applications as nutraceuticals in the specialty food and
pharmaceutical markets (e.g., Clarinol™ and Marinol™,
TAG rich in CLA and EPA/DHA, respectively, from Loders
Croklaan B.V.). A common approach has been to use lipases,
either 1,3-selective or “random,” to enrich the content of

1086 REVIEW

JAOCS, Vol. 81, no. 12 (2004)

FIG. 4. Reactions catalyzed by 1,3-selective lipases to synthesize struc-
tured TAG.



PUFA in TAG (or PUFA-enriched MAG/DAG/TAG via se-
lective lipolysis; see Refs. 144,147,149,237) by interesterifi-
cation using PUFA-enriched FFA (acidolysis, reaction 4 of
Fig. 1) or FA methyl or ethyl ester (transesterification, reac-
tion 5 of Fig. 1), or direct esterification between glycerol and
PUFA-rich acyl groups (reviewed in Refs. 162,238,239). The
problem of low yield is difficult to overcome because of the
relatively poor selectivity of all lipases toward ∆3–∆6 FFA,
unless one uses a highly pure source of PUFA-rich acyl donor.
Pseudomonas sp. (237,240) and Rhizopus sp. lipases
(241,242) are among the least discriminatory toward ∆3–∆6
acyl groups and are thus recommended for catalyzing the in-
teresterification. [Novozym 435, a commercially available
immobilized lipase from C. antarctica B listed in Table 1
(Novozyme, Inc.), has been successful for catalyzing inter-
esterification at elevated temperatures; see Refs. 241–243.]
An alternate approach recently applied by Hill and coworkers
(29) was to use C. antarctica B lipase-catalyzed glycerolysis
of PUFA-rich oil as a first step, resulting in the selective con-
version of less PUFA-rich TAG into DAG and MAG. The re-
sultant glyceride mixture was then interesterified using PUFA
ethyl esters and the same lipase. To increase the yield of
PUFA-rich TAG during acidolysis, the temperature can be re-
duced to ~10°C during the latter stages of the time course to
remove the released FFA via crystallization, thereby thermo-
dynamically driving acidolysis by PUFA in a forward direc-
tion (244).

MAG and DAG. MAG have numerous applications as
biodegradable and biocompatible emulsifiers in the food,
dairy, cosmetics (e.g., in toothpastes), and pharmaceutical in-
dustries (245,246). 1(3)-MAG are precursors for the synthe-
sis of MAG sulfates, which are cosmetic surfactants with low
irritability (247). MAG rich in lauric (dodecanoic) acid are
potentially useful antibacterial compounds. As discussed
above, 2-MAG are feedstocks for the lipase-catalyzed syn-
thesis of structured lipids. Approval of MAG as GRAS was
recently granted by the FDA (Code of Federal Regulations
Title 21, Volume 3, Part 184.1505, http://www.accessdata.fda.
gov/scripts/cdhrh/cfdocs.cfcfr/CFRSearch.cfm?fr=184.1505).
DAG are used as additives to fats such as cocoa butter to re-
duce the extent of crystallization or “blooming.” Isomerically
pure DAG are possible feedstocks for the synthesis of GPL,
glycolipids, and pharmaceuticals (247,248). Chemical means
of MAG and DAG production (e.g., through glycerolysis di-
rected by a heterogeneous catalyst), as reviewed elsewhere
(4,249), involve high temperatures (~180–220°C, or
30–160°C if a high vacuum pressure of 200–400 Pa is ap-
plied; see Ref. 250) that may produce by-products that pro-
mote an off-flavor, -odor, or -color (248). Also, the product
distribution from such a process is frequently broad, contain-
ing various MAG and DAG species, and perhaps TAG (sub-
strate) since the yield is often low (245,248). Hence, molecu-
lar distillation must be applied, which increases process oper-
ating costs and can result in chemical degradation. Chemical
means to produce regioisomerically pure MAG and DAG are
tedious and not cost-effective for large-scale implementation

(reviewed in Ref. 245). Therefore, enzymatic preparation of
MAG and DAG may gain further interest if energy costs con-
tinue to increase, and will be of particular interest for products
that contain degradation-susceptible PUFA and oxygenated
acyl groups. A few examples of the lipase-catalyzed synthesis
of PUFA (including CLA) (251–256) and hydroxyl (257,258)
FFA-enriched MAG are contained in the literature.

As discussed more thoroughly in the cited reviews, the dif-
ficulty in synthesizing MAG via esterification and glyceroly-
sis (Fig. 5) is the immiscibility of glycerol and the acyl donor,
with the latter frequently acting as the bulk solvent. The use
of polar solvents such as tert-butanol or acetone permits mis-
cibility and increases the product distribution in favor of
MAG rather than DAG (259), but lowers the catalytic rates
of lipase relative to the nonpolar solvent phases. Common ap-
proaches to improve the miscibility of glycerol include poly-
hydric alcohol complexation agents such as phenylboronic
acid (257), the use of protective groups such as isopropyli-
dene [which “protects” two of the glycerol’s three hydroxyls,
resulting in regioisomerically pure 1(3)-MAG; reviewed in
Ref. 247], water-in-oil microemulsions (260), and the suspen-
sion of silica gel saturated with glycerol (261), all of which
are impractical for large-scale manufacturing. MAG can be
removed from the reaction medium during the course of the
reaction via selective adsorption or precipitation at moder-
ately low temperatures, which enhances product yield by fa-
vorably shifting the thermodynamic equilibrium (reviewed in
Ref. 245). Penicillium camembertii lipase applied to esterifi-
cation will produce MAG and DAG but not TAG because of
its unique substrate selectivity (255,262,263).

Polyol esters. Lipase has been used to catalyze FFA par-
tial and FFA esters of glycols such as ethylene and propylene
glycol, neopentanol, trimethylolpropane, and polyglycerol as
low-cost and low-temperature alternatives to chemical pro-
cessing for applications as biodegradable lubricants and
emulsifiers in the food and cosmetics industry (Table 6). Per-
haps the major value of lipases for synthesizing polyol esters
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FIG. 5. Reactions catalyzed by 1,3-selective lipases to synthesize MAG.



compared with chemical procedures is the regioselective con-
trol of the product distribution. For instance, if one esterifies
1,2-propanediol using a 1,3-selective lipase, only the 1-mo-
noester will be produced (268). In addition, parameters such
as substrate ratio and water activity, among others, can be
used to control the relative distribution of mono- and diesters
(264,265). 

Perhaps the regioselectivity of lipases has been most fre-
quently applied in the synthesis of saccharide-FA esters as
biodegradable and biocompatible surfactants (reviewed in
Refs. 284,287). Sucrose esters, produced chemically at tem-
peratures above 100°C and resulting in a broad product dis-
tribution (288–291), have numerous applications in the food
and cosmetics industries as biodegradable and biocompatible
surfactants (reviewed in Ref. 286). To use sucrose as an ex-
ample, lipase from C. antarctica and T. lanuginosa can cat-
alyze esterification at only the 6- and 6′-hydroxyl positions
(with a preference toward 6-OH) (292–295). The use of iso-
propylidene protective groups to improve substrate miscibility
(see foregoing discussion) leads to synthesis of only the 6′ es-
ters since the protective group blocks access to the 6-hydroxyl

(296). The 6′,6-O-diacyl ester occurred using Novozyme with
a short-chain (C4) acyl substrate but did not occur for a C10
acyl substrate (295). Note that the 6- and 6′-positions constitute
two of the three primary OH groups of sucrose. Generally,
both nonselective and 1,3-selective lipases demonstrate a
strong selectivity toward the primary OH groups. The third
primary OH group, at position 1′, is esterified to a small ex-
tent (293). Of interest, a Spanish patent indicates the formation
of 2-lauroyl sucrose monoester, an ester of a secondary –OH
group, using vinyl esters as acyl donors and disodium hydro-
gen phosphate as catalyst at 40°C and 101 kPa (297).

Experimental approaches to lipase-catalyzed polyhydric al-
cohol ester formation follow along the lines already presented
for MAG synthesis, mostly relating to overcoming the lack of
miscibility between acyl donor and acceptor. Some additional
approaches are worthy of mention. Hult and co-workers (298)
report the use of room-temperature ionic liquids of high polar-
ity for higher rates and conversions for glucose ester formation
compared with results using polar solvents such as acetone.
Second, the use of azeotropic mixtures of a polar and nonpolar
solvent, such as ethyl methyl ketone and hexane, permits a
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TABLE 6
Polyol-FA Esters Synthesized by Lipases

Product Approach Applications

Ethylene glycol mono- and/or  Esterification, hexane or isooctane as Biocompatible surfactant
diesters of stearic acid (264) solvent, Rhizopus sp. lipases (264);
or lauric acid (265,266) use of ethylene glycol-based foam or reverse

micelles (265); ethylene glycol/silica gel
suspended in vinyl laurate, Lipozyme RM IMa (266)

1,2-Propanediolb monolaurate (267), Esterification, 65°C, no solvent, Novozymea Emulsifiers for cakes and whipped toppings
monocaprylate (268), (267); polar solvents (268) or
or mono-DHA or EPA (269) tert-butanol/hexane (269), Lipozyme RM IMa

1,3-Propanediol-oleic acid Esterification, Lipozymea (270); R. delemar Surfactant
mono- and diester (270); lipase, reversed micelles (271)
lauric acid monoester (271) 

Mono- and diesters  Esterification, no solvent (80°C), Novozymea; Surfactants for cosmetics and pharmaceuticals
of short-chain PEG and stearic PEG/silica gel suspended
or 12-hydroxystearic acid (272) in vinyl laurate, Lipozyme RM IMa

Diglycerol lauric acid monoester (273) Esterification, no solvent, 80°C, Novozymea Biodegradable surfactants for foods, 
cosmetics, pharmaceuticals

Polyglycerol-oleic acid Polyglycerol-saturated silica gel suspended Surfactants (275)
mono–tetra-esters (274) in oleic acid methyl ester, Lipozyme RM IMa

Trimethylolpropane-oleic acid (276) C8 Alcoholysis, no solvent, immobilized lipase Hydraulic fluid; lubricant
(277), or oligo(ricinoleic (276); esterification, dibutyl ether; Lipozyme 
acid) triester (Kelly, A.R., and RM IMa (277); esterification, no solvent, 
D.G. Hayes, unpublished data) Novozymea (Kelly, A.R., and D.G. Hayes, 

unpublished data)

Erythritol lauric acid esters (278) Esterification, acetonitrile, Novozymea Food product emulsifier

Sorbitol mono- and diesters (279–281) Esterification, acetone (279,280), tert-butanol Surfactants for foods, cosmetics, detergents, 
(282), or azeotropic mixture of hexane pharmaceuticals (“Span surfactants”) (283)
and tert-butanol (281), Novozymea

Xylitol monooleate (282,283) Esterification, Novozymea, solventless Surfactant

Fructose, glucose, sucrose, Esterification or alcoholysis, Surfactants (285,286)
xylose, maltose, trehalose mono- polar solvent or solventless
and diesters (reviewed in Ref. 284)
aIdentified in Table 1.
bPropylene glycol.



high reaction rate and allows removal of the esterification
product, water, via azotropic distillation (299). Third, Schmid
and coworkers (300–303) have successfully used “solid-
phase synthesis” to produce saccharide monoesters at high
yield. A polar solvent is used at a low temperature such that
the monoester product precipitates from solution, driving
ester synthesis in a forward direction and preventing diester
formation. Fourth, Hayes and coworkers (304) have demon-
strated that the presence of ~20% monoesters or greater sig-
nificantly enhances the solubility of polysaccharides such that
a polar solvent is not needed to induce miscibility. Eighty-five
percent conversion of oleic acid and fructose at a 1:1 mole
ratio of substrate using Lipozyme RM IM (Novozyme, Inc.)
occurred when fructose was added in fed batch mode to stimulate
increased maximum solubility of fructose during the time course
of the reaction (Kelly, A.R., and D.G. Hayes, unpublished data).
It should also be noted that glycosides, saccharide alkyl ethers
produced via chemical and enzymatic means (glucosidases),
are readily miscible with acyl donors and are thus effective
acyl acceptor substrates (305–307).

Monohydric alcohol esters. Lipases have been used to syn-
thesize wax esters such as oleoyl oleate as a substitute for jo-
joba oil, a well-known cosmetic agent (e.g., in antiwrinkle
treatments for skin) (308–310), and for simple esters such as
methyl- and ethyl-FA for use as diesel fuel (50,311–324), par-
ticularly from waste products such as lard, restaurant grease,
and soapstock (reviewed in Ref. 320). It will be difficult for
lipase-catalyzed reactions to be an economically viable
choice in these areas in the short term because of the low sell-
ing cost of diesel fuel. FA alkanol esters are valuable materi-
als for foods and fragrances; however, in most cases, there is
no clear advantage to using lipases over chemical approaches.
As an exception, Dordick and coworkers (325) presented a
specific use of lipase-catalyzed reactions for this market that
may be cost effective: the development of ester libraries from
acyl donors and acceptors for their assessment as food flavors
and fragrances. Also, lipases can esterify polymers of hy-
droxy FA without cleavage of the hydroxyacyl chains. Such
esters possess improved properties as lubricant materials be-
cause of their increased viscosity indices (326,327; Kelly,
A.R., and D.G. Hayes, unpublished data).

Peroxidated FFA. Peroxy FA, R-COOOH, formed by the
esterification of FFA or by the alcoholysis of FA alkyl esters
with H2O2, are oxidants used in the chemical industry to
epoxidize double bonds, Baeyer–Villiger oxidation reactions,
and the hydroxylation of aromatic rings and amines. Tradi-
tionally, peroxy acid synthesis occurs via catalysis using a
strong acid; however, for long-chain and unsaturated FFA,
harsh operating conditions (larger amounts of acid, higher
temperatures) are required, and by-products frequently result.
Thus, as reviewed elsewhere (328), lipase-catalyzed peroxy
FFA formation may be a viable alternative. Enzymes are very
susceptible to denaturation by H2O2; however, Novozym 435
(Novozyme, Inc.) (Table 1) appears to possess the highest sta-
bility toward peroxide exposure, although it undergoes slow
first-order inactivation (329,330). To reduce denaturation, a

typical reaction involves the fed-batch addition of 30–60%
aqueous H2O2 to the pure FFA or alkyl ester, and possibly the
inclusion of a solvent such as toluene or dichloromethane. A
novel approach is to continually feed a stirred-tank reactor
with H2O2-saturated organic phase, conducted in an or-
ganic/aqueous mixer-separator vessel upstream of the reactor
(329).

Of interest, during the time course of peroxidation of the
unsaturated acyl groups, self-epoxidation, a nonenzymatic re-
action, occurs concurrently (70–90% yield of epoxy-FFA from
the original FFA or alkyl ester). For example, the intermediate
product peroxyoleic acid self-epoxidizes into 9–10-epoxys-
tearic acid. Lipase catalysis accompanied by self-epoxidation
can result in epoxy-rich TAG, which are potentially important
materials for paints, coatings, and disinfecting agents (spori-
cides) (331). Recently, the same approach was used to form a
polymer containing epoxidized fatty acyl grafting (332).

LOX catalyze the formation of HPOD from PUFA such as
ALA and AA. HPOD have a variety of applications (reviewed
in Refs. 47,51,333–335) and can be easily reduced chemically
into hydroxy acids, resulting in a ricinoleic acid substitute.
HPOD are valuable precursors for prostaglandin and leuko-
triene synthesis; can act as fungicides in agricultural applications;
are precursors of flavor ingredients such as ketones, alcohols,
and aldehydes (via enzymatic cleavage); are feedstocks to create
oxiranes; and are chiral synthons of possible drug discovery
interest.

As discussed above, generally high conversions have been
achieved using biphasic media in a pressurized container with
an oxygen-rich atmosphere. Immobilization of LOX has led
to increased thermostability and permitted reusability; how-
ever, a highly active and stable preparation has not been
achieved. LOX has been suggested for inclusion in multien-
zyme systems: with lipase to convert TAG into HPOD (336),
and with catalase to generate O2 from the reduction of H2O2
(337).

TOCOPHEROLS, STEROLS, AND STERYL ESTERS

Tocopherols, sterols, and stanols (depicted in Fig. 6) are minor
components in seed oils and possess many applications in foods
and pharmaceuticals as natural antioxidants (338). The most
common plant sterol, or phytosterol, is ergosterol, whereas the
most common animal sterol, and the one of greatest significance,
is cholesterol. Phytosterols help lower the cholesterol level in
blood, serve as feedstocks for hormone drugs, and help increase
the response time and effectiveness of white blood cells against
cancer (reviewed in Refs. 339–341). In addition, they are
known to be effective in treating pulmonary tuberculosis,
rheumatoid arthritis, HIV, and immune stress in marathon run-
ners. Sterol esters possess the same capabilities but are oil-sol-
uble, recently receiving GRAS status by the FDA for use in
margarines and margarine substitutes [e.g., Benacol™, the first
cholesterol-reducing margarine, from the Raisio Group (Raisio,
Finland), which contains ~9% sitostanol esterified with acyl
groups from canola oil, and Take Control™ from Unilever US
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(Englewood Cliffs, NJ)]. Tocopherols (e.g., α-tocopherol, a
potent form of vitamin E) are well-known and commonly used
antioxidants.

Tocopherols, sterols/stanols, and the esters of the latter, al-
though present in nuts and in green, leafy plants, are mainly
recovered from oilseeds during the deodorization process
within the volatile by-product known as “deodorizer distil-
late” at amounts between 2 and 20%, with FFA, MAG, DAG,
and TAG being the major components at ~30–50% (341,342).
Isolation of the sterols and tocopherols from deodorizer dis-
tillate in high yield and purity remains a challenge. For in-
stance, sterols and tocopherols possess similar M.W., making
their separation by molecular distillation difficult. Extractive
isolation of tocopherols by cold ethanol does not produce
high yield and purity. Lipase-catalyzed esterification and hy-
drolysis have been proposed as alternatives. Shimada and
coworkers (343) applied C. rugosa or Pseudomonas sp. lipase
to soybean oil deodorizer distillate to efficiently esterify stig-
mastanol to its ester and concurrently hydrolyze MAG. The
sterol esters can be isolated from the reaction mixture via mol-
ecular distillation (80%), but the latter method will not sepa-
rate FFA and tocopherols. The subsequent addition of methanol
to the lipase-treated deodorizer distillate in the presence of li-
pases results in the formation of FAME without modification
of the steryl esters; FAME can be separated from tocopherols
(and sterol esters) via molecular distillation (344). To isolate
naturally occurring steryl esters from the deodorizer distillate,
molecular distillation is applied to isolate sterol esters in a frac-
tion rich with DAG and TAG; lipolysis is then conducted to
selectively hydrolyze DAG and TAG, resulting in a mixture
from which steryl esters are readily purified using molecular
distillation (345). However, acyl exchange between glycerides
and sterols occurs during the lipolysis process (345). Chu et al.
(346) increased the concentration of a-tocopherol in palm distil-
late from 1–7% to 7–10% by Novozym 435 (Novozyme, Inc.)-
directed lipolysis followed by removal of the FFA as salts. 

Lipases have been used to transform cholesterol, dihydro-
cholesterol, 7-dehydroxycholesterol, sitosterol, stigmastanol,
and ergosterol to their respective esters in yields from 70 to
100% (341,342,347–351). The typical reaction conditions
consist of solventless systems using an acyl donor (e.g.,
methyl oleate or oleic acid) in stoichiometric excess and ther-
mophilic immobilized lipases (or surfactant-coated lipases) at
elevated temperatures (60–80°C) with means of maintaining
low water activity. For polyhydroxylated steroids, regioselec-
tive esterification was observed (352).

The dietary requirement of ascorbic acid, or vitamin C, as
a natural antioxidant is well known. Ascorbic acid esters, pre-
pared regioselectively by lipase-catalyzed esterification or in-
teresterification with FA alkyl esters, are potential lipophilic
antioxidants with many current and potential uses, e.g., as an-
tibrowning agents in apple juice, as sunscreen ingredients,
and in the prevention of the linoleic acid oxidation
(298,353–357).

GPL-BASED PRODUCTS FROM ENZYME REACTIONS

Lecithin and its applications. GPL, depicted in Figure 3, are
membrane lipids containing a glycerol backbone; unlike
TAG, the third glycerol position contains a highly polar or
charged group attached through a phosphodiester bond. The
carbon at the 2-position of GPL is a chiral center; natural GPL
exhibit L-optical rotation. The majority of GPL for commer-
cial use are derived from soybeans during the degumming of
the oil and are referred to as lecithin (present at only 3% in
the oil). As reviewed elsewhere (358,359), crude lecithin,
containing only 52% GPL (of which 23–35% is PC) and 35%
TAG/DAG/MAG/FFA, is used for several industrial applica-
tions, e.g., as adhesives, adsorbants, animal feed, and mold-
release agents for plastics, resins, concrete, and ceramics. The
majority of the acyl groups contained within the GPL of
lecithin are common C16 and C18 saturates or ∆9 unsaturates.
Approximately 20% of the GPL produced from lecithin is
used industrially; the majority of its use is in foods, cosmet-
ics, and pharmaceuticals. Food-grade lecithin, produced by
deoiling crude-grade lecithin via acetone extraction, contains
78% GPL. It has many applications, including as an emulsifier
in cake mixes, cheese, candy, chocolate, dehydrated foods, ice
cream, pasta, whipped toppings, and margarine, and as a nutri-
tional supplement for fat adsorption, cholesterol metabolism,
blood clotting, nervous system maintenance, pulmonary func-
tion, vision improvement, and prostaglandins biosynthesis.
Ethanol-induced precipitation can be applied to food-grade
lecithin to produce PC at 80–100% purity; the precipitant is
rich in PE and PI. Lab-scale deoiling and ethanol extraction
procedures have recently been published (360). Purified PC
has specific applications as a precursor to acetylcholine, a neu-
rotransmitter, and has been suggested as an additive to infant
formula. PS, present at <1% in lecithin, is essential to nerve
cell functioning in the brain (a “booster” for memory; see
www.springboard4health.com), and effective in the treatment
of dementia and Alzheimer’s disease. Commercial PS prod-
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FIG. 6. Tocopherols, sterols, and stanols commonly found in the de-
odorizer distillates produced by purification of oils from the seeds of
common crops.



ucts include Leci-PS™ from Lucas-Meyer, Inc., now the Tex-
turant System Division of DeGussa (Atlanta, GA), and Brain
Gum™ from Gum Tech International (Phoenix, AZ). PA is a
common ingredient in cooking oils to prevent vegetable oils
from burning during cooking; it leads to lower odor and off-
color formation compared with PC (361). Phosphatidylglyc-
erol (PG) is reported to be a more preferred surfactant than
PC because of the ability of PG to form more hydrogen bonds
(362). DHA-containing GPL may have potential medical ap-
plications for instance in promoting cell differentiation in
leukemia, enhancing the survival of tumor-bearing mice, and
preventing cerebral apoplexy. Additional sources of GPL in-
clude egg yolk and brain tissues. 

GPL products from enzymatic reactions. Perhaps the ap-
plication for which the selectivity of lipases and phospholi-
pases would be of the most value is for the synthesis of highly
pure GPL of a specific structure, i.e., containing specific acyl
groups at the 1- and 2-position and a specific head group at po-
sition 3, for use in liposomes or gels as controlled-release
agents in pharmaceutical, food, and cosmetics products. As re-
viewed elsewhere (363–365), an improved understanding of
the relationship between GPL structure, the micro- and
nanoscale structure of liposomes and gels, and release kinetic
properties is taking shape. A related and more recent applica-
tion is the use of GPL to solubilize membrane proteins for crys-
tallographic mapping and biochemical experimentation. 

The use of lipases and phospholipases to synthesize GPL of
commercial interest is reviewed elsewhere (366–368). Perhaps
the most common application is the hydrolysis (or alcoholysis)
of GPL by PLA2 to produce 1-acyl-lyso-GPL. Similar to its
GPL parent, lyso-GPL is surface active but is more hy-
drophilic, hence more water-soluble. It also may be a useful
component of liposomes. Along the same lines, PLA2-cat-
alyzed hydrolysis of GPL has been used to improve the degum-
ming performance (369,370). Hydrolysis (or alcoholysis) of
GPL by lipases results in the rapid formation of 2-acyl-lyso-
GPL. Similar to 2-MAG, acyl migration of 2-acyl-lyso-GPL
will occur, resulting in formation of the more stable 1-acyl-
lyso-GPL; subsequently, lipase can cleave the ester bond at the
1-position, resulting in the formation of glycerol-GPL, a prod-
uct of lower value. To avoid glycerol-GPL formation, Vulfson
and coworkers (371) recommend rapid lipolysis of GPL, fol-
lowed by removal of the lipase, then treatment with ammonia
vapors to catalyze acyl migration into the more desired and
more stable 1-acyl-lyso-GPL. Chemical methods of hydroly-
sis, such as acid-catalyzed hydrolysis by tetrabutylammonium
hydroxide (372), will not selectively hydrolyze either the 1-
or 2-acyl group. PLA2 and lipases prefer PC over PE and PE,
over PI and PA as the substrate (360). 

Lipase-catalyzed interesterification or acidolysis in non-
aqueous media (using a several-fold molar excess of acyl
donor) has been used to produce GPL with specific acyl
groups in the 1- and 2-acylglycerol positions for testing as
amphiphiles in liposome formulations and for possible similar
dietary applications as structured TAG (360,373). For in-
stance, the body will absorb PUFA more readily when con-

tained in the 2-position of GPL as compared with PUFA-en-
riched TAG (368); also, this “structured GPL” may have an en-
hanced effect on brain function as well as being anticancer and
weight loss agents (368,374). Acyl migration and hydrolysis
yield by-products, particularly for PLA2-catalyzed reactions,
because this enzyme requires a higher water activity for effi-
cient operation (360,367). Yields are often slightly lower than
desired because of the further hydrolysis of lyso-GPL into
glycero-GPL, which precipitates from nonaqueous media
(367). A two-step acyl exchange process, lipase-catalyzed hy-
drolysis, followed by lipase-catalyzed esterification, results in
a more rapid acyl exchange than does lipase-catalyzed acidoly-
sis but is more laborious (367). The extent of hydrolysis
(60–75% yield of GPL) and acyl incorporation (38–53%) is
similar for both approaches; almost all of the incorporation
occurred at the 1-position, particularly when using immobilized
1,3-selective Rhizopus lipases (367). PLA2 cannot perform
acyl exchange per se since mechanistically it cannot form
acyl-enzyme intermediates, but it can achieve this goal
through a two-step hydrolysis/esterification process similar to
that described for lipase.

The selling cost of highly pure “structured” GPL, mainly
used as components of liposomes for drug delivery, is prohib-
itive. To tailor-make GPL with specific acyl groups in the 1-
and 2-positions and a specific head group attached to the
phosphate group for their assessment as liposome compo-
nents, one author recently applied the term “toolbox” to the
collection of enzymes (1,3-selective lipase, PLA2, and PLD)
needed to realize this goal (360). A recent publication demon-
strated this approach in the creation of 1-decanoyl,2-hexanoyl
PC from egg yolk PC (375). First, egg yolk PC was isolated
from hen’s eggs and was then hydrolyzed by Lipolase
(Novozyme, Inc.), a commercially available porcine pancreatic
PLA2 product (Table 1), resulting in a crude 1-acyl lyso-PC
product (80% conversion). Highly pure 1-acyl lyso-PC was
subsequently obtained from the crude product by ethanol extrac-
tion (to isolate it from FFA), followed by silica gel column
chromatography as a “polishing” step (to remove residual PC,
PE, and lyso-PE). Hexanoic acid was subsequently incorporated
into the 2-position via esterification catalyzed by immobilized
Lipolase in toluene, resulting in a 49% yield and 7% acyl migra-
tion by-product. This reaction used a decreasing water activity
program to optimize the yield. The acyl group at the 1-position
of 2-hexanoyl PC was selectively removed by ethanolysis; this
position was then esterified using decanoic acid. Both steps
were catalyzed by a 1,3-selective immobilized R. oryzae lipase.
The product, 1-decanoyl,2-hexanoyl PC, was 99% pure; the
yield from crude egg yolk PC was 1%.

PLC has been used sparingly to produce products of inter-
est. In all cases, it has been applied for hydrolysis. Anthonsen
et al. (376) used covalently immobilized PLC to hydrolyze
GPL, resulting in optically pure 1,2-DAG, which can serve
as a diagnostic reagent for investigating signal cascades in
medical biochemistry and as a feedstock for the synthesis of
GPL. Other possible applications of PLC include resolution
of racemic mixtures of GPL and the formation of organic
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phosphate products from the released head group. For exam-
ple, O-alkyl inositol 1-phosphates were produced from PI via
two synthetic steps catalyzed by PLC. The first step, the hy-
drolysis of PI, resulted in the release of inositol 1-phosphate.
PLC-catalyzed esterification of inositol 1-phosphate using an
alkyl alcohol resulted in the final product.

PLD has been used with moderate success to catalyze the
hydrolysis and transphosphatidylation of PC, the former re-
sulting in the formation of PA and the latter in the introduction
of new head groups (reviewed in Refs. 53,55). Transphos-
phatidylation is modeled by a ping-pong mechanism, similar
to the acyl exchange catalyzed by lipases (377). The PLD-cat-
alyzed conversion of PC into less-abundant and commercially
relevant GPL, particularly PS and PG, has been used commer-
cially (378–382). The formation of GPL with unnatural head
groups, and the introduction of head groups into alkyl phos-
phates that lack the glycerol backbone, has occurred via catal-
ysis with PLD.

Most recent reports of transphosphatidylation have used
Streptomyces sp. PLD and biphasic media (e.g., water–ethyl
acetate or water–ethyl ether). With such media being rich in
water, the hydrolysis side-reaction, yielding PA as the by-prod-
uct, occurs to a significant extent (383). Rich and Khmelnitsky
(384) reported that salt-activation procedures used during
lyophilization pretreatment of PLD enhanced the activity of
PLD in nearly-anhydrous chloroform, resulting in several dif-
ferent successful transphosphatidylation reactions with minimal
occurrence of hydrolysis. The same work suggests the impor-
tance of in situ removal of choline via adsorption to prevent
inactivation of the biocatalyst (384). However, reaction rates
remained slow, with at least 2 d required for 60–80% conver-
sion (384), and neither reusability nor stability was examined
(384). Recent reports suggest that aqueous media, in the ab-
sence of a nonpolar solvent, can be used in some situations to
yield high conversions with minimal occurrence of hydroly-
sis. In purely aqueous media, covalently immobilized Strepto-
myces sp. PLD has been reported to transphosphatidylate
75% of PC into PG accompanied by ~10% conversion of PC
into PA (385). Triton X-100, which is used to improve the sol-
ubility of PC, will impose downstream separation problems
(385). (The use of a surfactant to enhance PC solubility in
aqueous media was echoed in a recent patent; see Ref. 378.)
Reaction times were on the order of 4 h (24 h in the absence
of Triton) as compared with 2 h for biphasic aqueous–organic
systems (385). A recent patent demonstrated 95% conversion
of PC-rich GPL into PS with only a few percent conversion
into PA for an aqueous-phase reaction, without information
given on the rate of transphosphatidylation (383). The patent
attributes its success to the PLD used, from Streptoverticil-
lium hachijoense ATCC 19769, which apparently has a
broader substrate selectivity than commercially available PC-
selective PLD, and results in less hydrolysis of PE and other
minor GPL components (383). Similarly, a recent investiga-
tion using a unique recombinant S. antibioticus PLD yielded
85% conversion of PC into PS and 12% conversion into PA
in an aqueous medium containing calcium sulfate particles

rich in adsorbed GPL. The particles acted as a reservoir of PC
in the beginning of the reaction and as a storage device for PS
during the latter stages of the reaction, for enhanced product
recovery. Another major problem encountered with biphasic
media is the formation of calcium salts at the interface (386) .

From the preceding discussion, one can infer a relationship
between the physical state of the substrates and the yield and
extent of hydrolysis. In support of this suggestion, the type of
organic solvent is known to strongly influence the degree of
transphosphatidylation (387). Furthermore, the amphiphilicity
of phosphatidyl acceptors strongly controls substrate selectivity,
such as the strong preference for 1-butanol rather than glyc-
erol (387). The use of microstructured aqueous–organic media
with large amounts of interfacial area, such as lamellar, lyotropic
liquid crystals (the latter produced by homogenation of reac-
tion mixtures in the presence of a TAG) has led to only mod-
est degrees of conversion of PC into PS (386).

A major goal yet to be realized is the formation of an im-
mobilized PLD preparation that is particularly active and sta-
ble in either aqueous, biphasic, or nearly anhydrous media
(55). The best report of stability has been provided by Wang
et al. (362), who demonstrated that PLD immobilized onto
calcium alginate possessed a half-life of 25 batches.

OTHER BIOCATALYTIC MEANS OF LIPID 
MODIFICATION 

Schwaneberg and Bornscheuer (388) have reviewed the use
of cytochrome P450 to hydroxylate acyl groups selectively, a
process resulting in hydroxyl FFA for applications similar to
those listed in Table 2 for ricinoleic acid. Intensive research
has been done on the use of whole cells to produce oxygenated
and polyunsaturated FFA and their ester products, fueled by
an increased fundamental understanding of the synthetic meta-
bolic pathways that produce double bonds and hydroxyl
groups and a more efficient use of metabolic engineering and
mutagenesis to “engineer” microorganisms to overproduce the
lipid products of interest (reviewed in Ref. 389). The develop-
ment of transgenic plants to produce PUFA- and hydroxy-rich
FFA and structured lipids has been reviewed (390–399). As
stated in a review by Jaworski and Cahoon (398) “the produc-
tion of transgenic crop plants that efficiently synthesize and
accumulate unusual FA is the next challenge” (p. 183). A com-
prehensive discussion of the topics contained in this section is
beyond the scope of this review.

FUTURE PROSPECTS FOR THE ENZYME-CATALYZED 
MODIFICATION OF LIPIDS

The use of biocatalysts to convert FFA into lipid products of
interest will continue to grow in the upcoming years, espe-
cially in relation to purifying PUFA and synthesizing their esters
and structured TAG. A more widespread use of enzymes as
low-cost alternatives to chemical modification may also in-
crease if petroleum prices continue to rise and vegetable oil
prices remain steady. The use of lipases to modify lipids selec-
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tively has reached maturity as a field. The further development
of lipase bioreactor design and process scale-up technology
will continue to occur. Development of multistep enzymatic
and separation schemes to process lipids of interest, starting
from raw feedstocks, has been an increasing trend in the liter-
ature during the past 5 yr and will continue to increase, as will
further integration of reactions and separations. Development
as such will also include the combined use of different en-
zymes in a process, or perhaps in the same process step, such
as the combination of lipases and phospholipases to create
structured phospholipids, or lipases and LOX to convert TAG
directly into hydroperoxides. 

Although by-products resulting from acyl migration and hy-
drolysis side reactions will be difficult to eliminate altogether,
the programming of operational parameters such as water ac-
tivity, solvent system polarity, and temperature will lead to
enhanced yields and recovery. Greater sophistication in con-
trolling such operational parameters will require developments
in kinetic modeling and improved means of in situ control and
rapid monitoring of water activity (an area of ongoing research;
see Ref. 400) and substrate and product concentration. The de-
velopment of a lipase that will not discriminate against ∆3–∆6
and long-chain saturated FFA will improve the effectiveness of
forming PUFA-rich esters at high yield. Advancements in
mutagenesis, extremophile discovery and screening, and re-
combinant DNA technology will lead to more active and stable
substrate-specific lipases. The use of enzymes to create li-
braries of lipid products for analysis as flavor and fragrance
materials and surfactants, for instance, may become more
widespread. The development of highly active and stable im-
mobilized phospholipases and LOX that are on par with com-
mercially available lipases is an important goal yet to be
achieved. 

In conclusion, further development of enzyme technology
for the application of oilseed biomass as a feedstock for
chemical and biological intermediates is required. Although
alternate technologies (development of new and improved
methods for lipid purification and chemical modification, use
of transgenic plants, etc.) will improve, the selectivity of en-
zyme-based processing will continue to be an attractive
choice as a unit operation in development of the “biorefinery”
as a substitute for petrochemically based processes.
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